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Abstract Seasonal growth responses of plants and
soil microorganisms to additions of nitrogen (N),
phosphorus (P) and carbon (C) were examined in
goose-grazed and exclosed plots in an Arctic salt
marsh. Plants showed strong growth responses to N
and NP additions but not to P. Nitrogen levels in the
shoots and roots of Puccinellia phryganodes declined
as summer progressed. Microbial biomass was low in
spring in spite of N and P additions, likely due to C
limitation, but values rose in autumn, independent of
nutrient treatment, as dissolved organic carbon (DOC)
increased. Glucose addition (C source) elicited a
transitory increase in microbial biomass. Multiple
plant defoliations by geese had a negative effect on
microbial biomass, in spite of the presence of DOC
and added N and P, possibly because hypersalinity
restricted growth. Plants appear to limit soil inputs of
C in summer and compete effectively for resources in
contrast to autumn, indicating a temporal partitioning
of resources.
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Introduction
Additions of nitrogen and phosphorus to Arctic soils
results in a marked increase in above-ground plant
biomass, particularly when applied to graminoid
communities indicating that these nutrients are in
limited supply (Shaver and Chapin 1980; Chapin and
Shaver 1985; Chapin et al. 1986; Jonasson 1992;
Press et al. 1998). In contrast, Jonasson et al. (1996)
showed that soil microbial biomass failed to increase
in response to additions of N, P and potassium,
although microbes immobilized large amounts of the
nutrients. A recent meta-analysis of different ecosystems indicates an average decline in microbial
biomass of 15%, when N was applied to plots
(Treseder 2008). However, when labile C was added
to the soil it stimulated microbial biomass suggesting
this element was a major limiting nutrient for microbial
growth (Jonasson et al. 2006). The presence of plant
roots in soil also stimulated microbial growth in
response to C exudates from roots and senescing root
tissue, suggesting facilitation rather than competition
was occurring between plants and microbes (Jonasson
et al. 2006). The carbon compounds released from
plant roots include mucilage, exoenzymes, organic
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acids, sugars and amino acids (Whipps 1990) and
these amount to between 5%–10% of the photosynthetic C fixed (Farrar et al. 2003) and provide an
important C source for soil microorganisms.
Most of the above studies were conducted during
the snow-free season when many plants exhibit a
strong growth demand for nutrients particularly in
spring and early summer; however, in tussock tundra
plant nutrient uptake and root growth occurs in midJuly or later in summer (Weintraub and Schimel
2005a). In contrast, microbes continue to show active
growth in the autumn and winter months in alpine and
some Arctic soils (Clein and Schimel 1995; Hobbie
and Chapin 1996; Brooks et al. 1996, 1998; Grogan
and Jonasson 2006; Nobrega and Grogan 2007). Peak
annual microbial biomass with slow N turnover rates
occurs in late winter (Schimel et al. 2004; Schmidt
and Lipson 2004; Edwards et al. 2006; Buckeridge
and Jefferies 2007). Nutrients released from cells of
senescing microbes when soil temperatures rise in late
winter and spring may represent the largest single
annual input of available N into these cold soils
(Jaeger et al. 1999). Microbial biomass is low in late
spring and early summer, most likely because either N
is absorbed by plants for summer growth or that the
microorganisms are C-starved (Jaeger et al. 1999;
Lipson et al. 1999; Weintraub and Schimel 2005a, b).
Although values of microbial biomass remain low
throughout much of the summer compared to winter,
turnover rates are high (Buckeridge and Jefferies
2007). Although the low values could be the result of
foraging by nematodes there was no evidence of the
occurrence of high populations (>1 million m−2) of
nematodes in these soils from late June to late August
that might be feeding on microbial biomass in
summer; counts were less than 10,000 m−2 in the
upper 5 cm of soil (Jefferies, unpublished data).
Our study was conducted in an intertidal Arctic salt
marsh on the Hudson Bay coast dominated by graminoids, where it was previously established that plant
growth is N-limited (Cargill and Jefferies 1984). At
grubbed sites the N content of the surface layer of soil
is low compared with soils beneath intact swards
(McLaren and Jefferies 2004; Buckeridge and Jefferies
2007). In this marsh, rates of net mineralization of soil
N in vegetated plots during the first two-thirds of
summer are either very low or are negative (Wilson
and Jefferies 1996), similar to results from other
studies (Hart and Gunther 1989; Giblin et al. 1991;
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Jonasson et al. 1993, 2006; Schmidt et al. 1999).
Mineralization rates rise in the late summer months
(Wilson and Jefferies 1996) but in contrast to the
studies described above, graminoid swards have been
intensely grazed by herbivores (lesser snow geese,
Chen caerulescens caerulescens) during the post-hatch
period in summer for at least 40 years (Cooke et al.
1995). High densities of faeces (< 40 m−2 wk−1;
Jefferies and Rockwell 2002) result in a rapid increase
in above-ground biomass within the season, much of
which is consumed by geese (Bazely and Jefferies
1985). In this system, the consumer (geese) is
driving plant production following multiple croppings
via the direct input of faeces (soluble N), thereby
reducing the dependency of plant growth on soil
microbial activity. In the absence of faecal input,
regrowth of vegetation following defoliation is
limited (Bazely and Jefferies 1985; Hik and Jefferies
1990). In addition, where the organic-rich upper-marsh
soils are devoid of living roots because of plant removal
by geese, microbial biomass and activity are reduced in
spite of the absence of competition for N from plants
(Buckeridge and Jefferies 2007). This suggests that
labile C supplied from senescing plant tissue and root
exudates contributes to microbial growth (Buckeridge
and Jefferies 2007).
A common response to herbivory is a high N
concentration in new shoots following defoliation
(Guitian and Bardgett 2000), which was also detected
in shoots of the salt-marsh forage grass, Puccinellia
phryganodes after snow goose herbivory (Hik and
Jefferies 1990). Bardgett et al. (1998) have suggested
that an increase in labile C exudates from the roots of
plants subject to defoliation may enhance microbial
activity and hence rates of net N mineralization, thus
providing an additional supply of N for plant
regrowth beyond that in faeces. In contrast, other
studies have not documented this increase in microbial biomass in response to defoliation (Sørensen et
al. 2008). Multiple croppings associated with goose
grazing may restrict the flux of root exudates if
photosynthetic C becomes limiting. Although some
studies have shown that root exudates appear to
facilitate microbial growth and N mineralization in
mid- and late summer (Weintraub and Schimel 2005a,
b), in spring and early summer plants and microbes
most likely compete for nutrients, especially N
(Jaeger et al. 1999; Jonasson et al. 1999; Bardgett et
al. 2005; Schmidt et al. 2007). In the absence of
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soluble C exudates from rapidly growing plants in
spring, microbes maybe unable to compete effectively
for N, as shown by the low amounts of microbial
biomass during this period (Jonasson et al. 1999;
Bardgett et al. 2005).
We measured changes in soil microbial biomass
during the snow-free season in an Arctic intertidal salt
marsh, with and without the addition of nutrients, to
determine if microbial biomass showed seasonal
responses to the presence of actively growing plants
and the addition of nutrients that limit plant and
microbial growth. We hypothesized that there would
be a partitioning of resource use throughout the
seasons between plants and microbes that would
indicate whether competition for nutrients or facilitation was occurring. In plots that received the addition
of N and P, we predicted that microbes as well as plants
would accumulate these elements, although early in the
season the absence of C may limit the growth of
microbes and their ability to accumulate N and P.
In a separate experiment, we examined the effects
of snow goose grazing and nutrient additions (C, N,
and P) on microbial biomass, in order to test how
herbivores may influence the availability and uptake
of nutrients in this system. We hypothesized based on
previous studies, that the increased need for N by P.
phryganodes for regrowth following grazing, would
lead plants to exude more labile C from their roots,
stimulating the growth of C-limited microbes. The
presence of geese in grazed plots may have indirect
effects on both plants and microbes, through the input
of faeces, however the final areas sampled within
each plots were free of faecal pellets. If soil soluble C
levels limit microbial growth, then plots that received
additions of carbon as glucose should show an
increase in microbial biomass, independent of grazed
and ungrazed treatments. The combined results from
these experiments provide an opportunity to assess
plant-microbial interactions in a seasonal context, and
understand how these relationships are modified by
the presence and absence of herbivory.

Materials and methods
Study site
The study was conducted at La Pérouse Bay on the
south-west coast of Hudson Bay in Wapusk National
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Park (58°04′ N, 93° 03° W), approximately 30 km
from Churchill, MB, Canada. The intertidal study site
is inundated with seawater in late summer and autumn
during spring tides. The soils are classified as
Regosolic Static Cryosols (Agriculture Canada
1987). Much of the salt-marsh vegetation has been
lost as a result of goose grubbing, which has exposed
the surface organic-rich layer (< 3.0 cm) and the
underlying consolidated barren sediments (Jefferies et
al. 2002, 2003). Degraded grubbed areas are missing
rhizomes and roots of the forage graminoids, most of
which occurred in the upper 3 cm at undistubed sites.
The preferred prostrate forage species is an asexual
stoloniferous grass, Puccinellia phryganodes, which
produces fine white roots annually. Because of grubbing
by the geese, only isolated patches of formerly
homogeneous grazing lawns (sensu McNaughton
1979) of P. phryganodes remain.
Experimental design and collection of samples
in plots
Experimental plots were established at three sites
separated by at least 50 m, on remaining patches
(c. 5 m x 5 m) of grass swards. On each patch, two
wire netting exclosures (1.25 m x 1.25 m) were
erected and each plot was divided into a control and
three treatment sub-plots, each 50 cm x 50 cm. The
total number of samples was six for each treatment and
the control, but n=3 based on the three sites. Corridors
(10 cm) separated the sub-plots and they were displaced
5 cm from the exclosure fence. Salts containing nitrogen
and/or phosphorus were added to sub-plots in a fully
factorial randomized block design at the beginning of
the growing season in 2003 (3 June) and mid-season (10
July). Biomass values in the corridors were similar to
those in control plots, indicating no nutrient movement
across plots. Amounts of salts were based on those used
by Willis (1963) in studies of dune vegetation.
Nitrogen was added on each occasion as NH4 Cl
(8.5 g N m−2) to nitrogen (N) and nitrogen x
phosphorus (NP) sub-plots. Similarly, phosphorus was
added to NP and P sub-plots as salts of Na2HPO4 . H20
and Na2HPO4 . 2H2O in equal amounts with respect to
P (total 6 g P m−2 on each occasion). The final sub-plot
in each exclosure served as the control.
One soil core (7.2 cm×6 cm internal diameter) was
collected on six occasions approximately every
2 weeks from early June (day 0) to early August
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2003 (day 63) from each of the sub-plots inside
exclosures at each site (n=3). The cores were used to
measure above-ground plant biomass, soil physical
and chemical properties, including pH, redox potential, dissolved organic P, exchangeable inorganic N,
microbial C, N and P and DOC. Four smaller cores
(2.2 cm diameter x 6 cm depth) were also taken with a
cork borer from sub-plots for measurements of root
nutrient concentrations, bulk density, and soilextractable orthophosphate using Olsen’s extractant
(Kuo 1996). Soil cores were stored on the cold
ground in deep shade beneath a building and were
processed within a day of collection (very occasionally 2 days). In addition to the cores mentioned above
that were collected from sub-plots between June and
August 2003, cores of a similar size to the large cores
were taken from the plots on 25 October 2003
(day 144) in order to measure levels of microbial C,
N, and P and soil DOC. As this visit was linked to
helicopter availability, there was insufficient time to
harvest above-ground plant biomass which in any
event had senesced in the partially frozen ground.
A further four sub-plots were established in a third
exclosure at each of the three sites, and treated as
above, except that in addition each sub-plot received a
glucose supplement of 9.6 g C m−2 on 27 July 2003.
Glucose was selected because of its availability and it
is readily taken up and metabolized by microorganisms. Soil cores (7.2 cm x 6 cm) for estimation of
microbial carbon were collected every 2 days from 27
July to 2 August 2003. On 15 June 2006, three pairs
of 1 m x 1 m plots (n=3) were set up on remaining
patches of P. phryganodes, at least 20 m apart, at the
same location as the earlier experiments. One of each
pair of plots was exclosed (removing the effects of
goose herbivory) and the second plot was left open,
which was heavily grazed by adult geese and goslings
during the summer. Each plot was further subdivided
into four 50 cm x 50 cm sub-plots, which received one
of four nutrient addition treatments: C, NP, NPC, and
control (no nutrients added). Amounts of nutrients
added to each sub-plot (50 cm x 50 cm) were the same
as described above, except for the C addition sub-plots,
each of which received 25 g of glucose (100 g m−2).
The experiment was terminated on 3 August 2006
when soil cores similar to those described above were
collected for measurement of microbial carbon and
above-and below-ground plant standing crop.
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Processing of plant biomass samples
and measurement of soil properties
Processing of samples took place in the field laboratory
at La Pérouse Bay and the Churchill Northern Studies
Centre. Frozen late autumn samples were air-freighted
(frozen) to the University of Toronto, where they were
processed. On each sampling date, the properties of the
collected soil cores, including pH, redox potential and
bulk density, were measured following established
procedures (Srivastava and Jefferies 1995, 1996;
Wilson and Jefferies 1996), except experiments involving addition of carbon when only microbial carbon
and plant biomass were measured. The above-ground
plant biomass from the six intact cores (n=3) taken
from similarly treated sub-plots was clipped, rinsed in
deionised water, and oven-dried at about 50°C for
72 h. All plant biomass was re-dried at 50°C for
1 week on arrival in Toronto and weighed to the
nearest milligram. Belowground biomass was determined by tweezing live roots from small soil cores
(2.2 cm diameter x 6 cm) and treated as above.
Microbial carbon, nitrogen and phosphorus and soil
dissolved organic carbon
Two sub-samples, each of 70 g fresh weight were
weighed for the estimation of microbial C, N and P
using a modified chloroform-fumigation extraction
procedure (Witt et al. 2000). One sample was
immediately extracted with 140 ml of 0.5 M K2SO4,
shaken for 1 h and then filtered using Whatman GF/A
filter paper (in the grazing experiment 25 g of soil
were extracted with 50 ml of K2SO4), providing a
measure of soil DOC. The second sample was
incubated with 2 ml of ethanol-free chloroform for
24 h in the dark at room temperature. Subsequently,
the sample was extracted with K2SO4 and filtered as
described above. Microbial C in the extracts was
determined as the difference between unfumigated
and fumigated samples using the dichromate titration
method to measure carbon (Nelson and Sommers
1996); the values were corrected by a factor of 2.85
(kC =0.35 for incomplete soil extraction; Jonasson et
al. 1996). To estimate microbial N, the total extractable N in the filtered fumigated and unfumigated soil
extracts was oxidised with alkaline persulphate
(Cabrera and Beare 1993) and the nitrate produced

Plant Soil (2009) 322:279–291

was measured with the use of an auto-analyzer (see
below). The difference in N between oxidised extracts
of fumigated and unfumigated soils gave an estimate of
microbial N (corrected by a factor of 2.5, kN =0.4 to
allow for incomplete extraction; Jonasson et al. 1996).
Microbial P was determined as the difference between
orthophosphate concentrations between fumigated
and non-fumigated samples. After neutralizing the
soil extracts, orthophosphate was measured using the
molybdate-blue method (Ames 1966) and kP was 0.4
for incomplete extraction (Jonasson et al. 1996).
Extraction of soil inorganic nitrogen and organic
phosphate and orthophosphate
Exchangeable ammonium and nitrate ions and organic
phosphate and orthophosphate were extracted from
the soil cores collected from each sub-plot on each
sampling occasion. Inorganic exchangeable N was
extracted from 15 g of well-mixed soil using 75 ml of
2 M KCl. Roots and small stones were removed from
the sample before weighing. The samples were
shaken for 2 h before they were filtered through preleached (KCl) Whatman No. 1 filter papers. All
extracts were frozen and shipped to Toronto for
analysis. Orthophosphate was extracted with the use
of Olsen’s solution (0.5 M NaHCO3 buffered at
pH 8.5 with 1 M NaOH), which is widely used as a
soil phosphate extractant (Kuo 1996). Two grams of
fresh soil were placed in 40 ml of this solution, which
was shaken for 1 h before filtration. Each solution
was filtered and the samples frozen. Measurements of
organic phosphate were made on filtered (Whatman
No. 42) squeezed pore water obtained from the soil
samples by hand-squeezing using gloves. The resulting solutions were non-turbid.
Chemical analyses
Before nutrient analysis, shoots of P. phryganodes
were ground to a mesh size of 40 μm in a Wiley mill
(Thomas Scientific, Swedesboro, N.J., USA). Root
tissue for each treatment was pooled on each
sampling occasion in order to provide sufficient
material for analysis. Amounts of C and N in plant
tissues were measured with the use of a CHN
elemental analyzer (Costech International, Milan,
Italy). Following Kjeldahl digestion of plant tissues,
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P was measured as orthophosphate in extracts using
the molybdate-blue method (Ames 1966).
Inorganic N in soil extracts was measured colorimetrically with the use of an auto-analyzer (Technicon AAII, Tarrytown, NY, USA). Ammonium
concentrations were determined using the indophenol
blue method (Keeny and Nelson 1982) and nitrate
concentrations were measured as nitrite after the
extracts were reduced by cadmium and treated with
a diazotizing agent (Keeny and Nelson 1982).
Orthophosphate was measured in the extracts using
the molybdate-blue method (Ames 1966) after neutralisation of the acidity (Grimshaw et al. 1989).
Concentrations of soluble organic phosphate were
also measured using the molybdate-blue method
before and after oxidation of organic P to orthophosphate with acidic potassium persulphate (Lajitha et al.
1999). Dissolved organic phosphorus was calculated
as the total dissolved phosphorus in extracts less
inorganic phosphorus in extracts.

Statistical treatment of the data
Before statistical analyses were performed, all data
were tested to ensure that they met assumptions of
normality (Kolmogorov-Smirnov goodness of fit test)
and data were log-transformed when necessary to
meet these assumptions. All data sets, except those of
root C and P were log-transformed. Although this
results in models that are multiplicative rather than
additive, only a few interactions were significant.
In order to examine the effect of N and P
fertilization and N, P and C fertilization over time
on plant growth, nutrient content in tissues, and
microbial biomass, full factorial repeated measures
designs were analyzed using SAS PROC MIXED
(SAS Institute Inc. 2004) with N and P (and C)
additions and time as fixed effects and site as a
random effect. Only significant interactions are
modelled; covariance structure (time) was chosen by
comparing structures and choosing the one for which
the Akaike’s Information Criterion is a minimum
(Littell et al. 1996). Because two plots per replicate
(site) were established, mixed model ANOVAs were
also run to test for the effects of nutrient additions in
grazed and ungrazed plots to account for within- and
between subject design.
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biomass is co-limited by both N and P following
addition of N (i.e. there is synergy in the NP
treatment; c.f. Elser et al. 2007). Overall values of
above-ground biomass in control and P sub-plots
remained statistically similar throughout the experiment
(F4, 98 =1.1, P=0.352) resulting in a linear increase in
weight over time. Above-ground biomass in the
nitrogen-alone sub-plots responded with a significant
increase in production beyond that of the control subplots (F1, 98 =318, P<0.0001) reaching a maximum at
the final harvest, whereas the mean biomass in the NP
sub-plots was 266±11 g m−2 compared with that for
the control sub-plots of 79±2 g m−2 (F1, 98 =26.0,
P <0.0001) on that date (day 63) and NP was
significantly higher than N addition alone.
The carbon concentration of all shoot tissues (%
dry weight) was about 44.5% for the duration of the
experiment (data not shown). In contrast, the N
concentration in shoots (Fig. 2 a) showed a significant
and positive response to N additions in the N and NP
sub-plots (F1, 102 =542, P<0.0001). There was also a
significant seasonal change in shoot N accumulation
(F5, 102 =93, P<0.0001), as well as a significant N by
time interaction (F4, 102 =7.7, P<0.0001). Concentrations of shoot N increased and then decreased
following each of the two nutrient additions on 3 June
and 10 July 2003. Average shoot concentration of
phosphorus was generally higher in the NP sub-plots
than in the P sub-plots (F1, 99 =18.2, P<0.0001)
(Figs. 2 b). Although there was a significant effect
of time (F5, 99 =18.6, P<0.0001) and N fertilization
(F1, 99 =7.7, P=0.007), shoot P remained relatively

Results
Soil characteristics
The characteristics of the upper 5 cm of soil at the
study site are typical of salt-marsh soils in the region.
Mean values for bulk density were 0.71±0.006 SEM
g dw cm−3, pH was 7.40±0.02 and redox values were
352±5.0 mV. Total N was 7.90±0.14 mg g−1 dw of
soil and total P was 0.64±0.39 mg g−1dw of soil. In
spite of two applications of N to some plots, values of
exchangeable NH4+ and NO3− did not differ significantly between treatments. The mean total exchangeable NH4+-N and NO3- N values for all plots were
1.59±0.18 mg and 1.11±0.13 mg g−1dw of soil
respectively. There was a seasonal decline in exchangeable ammonium ions (F2, 20 =7.1, P=0.0046)
in the different sub-plots, even though N was added to
two treatments (N, NP) on day 37. The results of
Olsen’s extractable phosphate indicated that levels of
extractable P were very low and showed no trend in
relation to either season or treatment. Amounts of
soluble organic P were also very low in all treatments
throughout the summer and early autumn and no
seasonal trends were evident (F4, 47 =1.4, P=0.246).
Plant responses to fertilization
Results of the fertilization experiment in which the
main effects (N and P) on above-ground biomass are
plotted (Fig. 1) showed that the growth curve is
sigmoid in the NP and N plots and the increase in
350
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Fig. 1 Above-ground biomass (g m−2) of Puccinellia
phryganodes from control
and fertilized plots during
the summer of 2003 on the
western intertidal marsh at
La Pérouse Bay, Manitoba.
The arrows indicate the first
and second nutrient addition
on 3 June and 10 July 2003
respectively. The experiment ran for 63 days until 6
August 2003. Means ± SEM
are shown (n=3). Common
lower case letters denote a
lack of significance difference (Tukey’s HSD test)
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Fig. 2 Control (●); P (○); N
(□); NP (▲). Concentrations of a shoot N and b P,
and c root N and d P, in
Puccinellia phryganodes
growing in control and fertilized sub-plots in the
western intertidal marsh at
La Pérouse Bay, Manitoba.
N and/or P additions were
made on 3 June 2003
(Day 0) and on 10 July
2003 (Day 37). The final
harvest was on 6 August
2003 (Day 63). Means ±
SEM are shown
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constant throughout the growing season (Fig. 2 b).
Shoot P concentration in P-fertilized sub-plots was
significantly higher than the mean P shoot concentration in sub-plots which did not receive P (F1, 99 =309,
P<0.0001).
The C allocation to the roots from the different subplots changed significantly over time (F4, 38 =20.6,
P<0.0001) (data not shown). Values ranged from 35%
of the dry weight after 15 days to 42% in late July but
declined in August. The seasonal rise and decline were
more evident in N-enriched plots (F1, 38 = 5.7,
P=0.023). The average N concentration in roots
(Fig. 2 c) from the control and P sub-plots dropped
in mid-summer (F4, 37 =35.3, P<0.0001) and remained
low, whereas the N concentration in roots was highest
in the N and NP treatments (N-effect: F1, 37 =159,
P<0.0001). Significantly more P was allocated to roots
in P and NP sub-plots (F1, 28 =95, P<0.0001) (Fig. 2 d).
In sub-plots that received no P amendments, the P
concentration did not change during the summer (F4, 28 =
2.4, P=0.073) (Fig. 2 d).
The total N and P contents of the accumulated
biomass indicate that together the shoots and roots of
P. phryganodes contained an equivalent in the range
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of 38% to 61% of the total N applied to the N and NP
sub-plots. The lower percentages were associated with
plants growing in sub-plots to which only N was
added. In contrast, the corresponding percentages in
the cumulative biomass for P in sub-plots receiving
this element were less than 15% of the amount added
and most were below 10%.
Microbial C, N and P in response to soil fertilization
Soil microbial carbon varied over time (F5, 39 =18.8, P<
0.0001), as values increased in all sub-plots throughout
the summer and autumn to over ten times the initial
mean value of 0.19 mg C g−1dw of soil on 3 June
(Fig. 3 a) by October, 2003. This rise was associated
with an increase in DOC over the same period, but only
in October (Fig. 3 d) (F5, 40 =17.9, P<0.0001). The
Tukey-Kramer tests indicated that DOC and microbial
C in October was significantly higher than on all other
sampling dates (P<0.0001). Soil microbial N (Fig. 3 b)
also increased in all sub-plots six-fold or more during
the same period (F5, 38 =5.6, P=0.0006) from an overall
mean of about 43.5 μg N g−1 dry wt of soil to between
200 and 300 μg N g−1dw of soil. Soil microbial P
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ranged from a mean of 1.89 to over 8 μg P g−1 dw of
soil by late October (F5, 39 =0.65, P=0.667), but there
was no overall increase in microbial P in autumn
(Fig. 3 c). There was no significant response of
microbial C, N, or P to the additions of N, P and NP;
values were similar to those from control plots. The
sediments beneath intact swards do not show extreme
temperature shifts, differences in pH, or strong seasonal trends in soil moisture content (Srivastava and
Jefferies 1995, 1996; Wilson and Jefferies 1996;
McLaren and Jefferies 2004).
The response to the addition of glucose to plots on
27 July 2003 was rapid. Only microbial carbon showed
an overall significant change during the six-day period,
there were no significant changes in the N and P
concentrations in microbial biomass, even in plots that
received additions of these nutrients (C: F3, 27 =3.3,
P=0.035; N: F3, 30 =0.26, P=0.856; P: F3, 30 =0.03,
P=0.994) (Fig. 4). Carbon increased to maximum
values between days 2 and 4 and dropped back to the
initial value by day 6. In the grazing experiment
conducted in 2006, soil microbial C was significantly
higher in ungrazed plots (Fig. 5 a), (F=7.86, P=0.012)
but the effects of C, N and P additions on microbial C
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again were not significant within the grazing treatment
(NP: F=0.13, P=0.720; C: F=0.41, P=0.529). In this
experiment, microbial C was measured almost
2 months after the addition of glucose to plots because
visits were dependent on helicopter availability. DOC
1
Microbial C (mg g-1 dw soil)

Microbial P (µg g-1 dw soil)

Fig. 3 Control (●); P (○); N
(□); NP (▲). Soil microbial
a carbon, b nitrogen, c
phosphorus, and d dissolved
organic carbon per gram dry
weight of soil in control and
fertilized subplots in the
western intertidal marsh at
La Pérouse Bay, Manitoba
during the summer of 2003.
Nutrient additions were
made on days 0 and 37 (3
June and 10 July 2003). Soil
was collected at rooting
depth (5 cm). Means ± SEM
are shown (n=3). The final
harvest was on 25 October
2003 (144 days). Soil
microbial C and N were
corrected using extractability
factors kEC =0.35 and
kEN =0.40, respectively; soil
microbial P was corrected
using the factor kfix =0.77
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0.8
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0.4
0.2
0
0

2

4

6

Days since glucose addition

Fig. 4 Control (●); P (○); N (□); NP (▲). Soil microbial carbon
per gram dry weight of soil in N, P, and NP and control plots to
which C was added at day 0 on 27 July 2003. Soil was collected
at rooting depth (5 cm). Means ± SEM are shown (n=3).
Microbial C was corrected using extractability factor kEC =0.35
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Fig. 5 a Soil microbial carbon and b dissolved organic carbon
on grazed and ungrazed C, NP, and CNP-fertilized plots.
Nutrients were added on 15 June 2006 and plants and soil were
harvested on 3 August 2006. Soil was collected at rooting depth
(5 cm). Means ± SEM are shown (n=3). Microbial C was
corrected using extractability factor kEC =0.35

was significantly higher in soils from grazed plots
(Fig. 5 b), (F=12.16, P=0.002), although again there
were no nutrient addition effects on DOC (NP: F=1.21,
P=0.283; C: F=2.74, P=0.114). The mean aboveground standing crop (15.7±1.3 g m−2 in control plots;
21.7±3.0 g m−2 in NP-treated plots) of P. phryganodes
was not significantly different between grazed plots
receiving the different nutrient additions (F3, 8 =1.62,
P=0.261), whereas in exclosed plots mean values of
standing crop ranged from 108.0±6.3 g m−2 in control
plots to 227.0±33.6 g m−2 in the NPC treatment (F3,8 =
12.2, P=0.002).

Discussion
Remaining patches of P. phryganodes located along
the intertidal flats at La Pérouse Bay showed a strong

growth response within the season to exogenous N
and P inputs, similar to previous studies (Fig.1)
(Cargill and Jefferies, 1984; Ngai and Jefferies
2004). However, the time courses of the concentrations of N and P in plants subject to the different
treatments do not show similar trends (Fig. 2). The
decline in N concentrations in shoots and roots of
plants from N-treated plots (Fig. 2 a,c) is likely the
result of growth dilution associated with the increase
in biomass, similar to the studies of Chapin et al.
(1986). This does not imply N is no longer absorbed
just that the growth rate slows in late summer at
which time much of the biomass is structural
carbohydrate. The N concentration in tissues from
untreated plots declined rapidly as growth proceeded
and the results indicate that pools of N and possibly P
in unamended soils are rapidly depleted after growth
commences in late spring. This interpretation is
consistent with the results of Henry and Jefferies
(2002, 2003) who showed that exchangeable NH4 and
NO3 ions fell to very low levels at the beginning of the
growing season and that P. phryganodes utilized
organic N rather than inorganic N, as shown in earlier
studies of other Arctic and alpine species (Kielland
1994; Raab et al. 1996; Schimel and Chapin 1996;
Lipson and Monson 1998). Wilson and Jefferies (1996)
also showed that in this salt marsh, net N mineralization rates were either very low or negative in early and
mid-summer, a finding similar to the studies of Hart
and Gunther (1989), Giblin et al. (1991), Jonasson et
al. (1993, 1996) and Schmidt et al. (2007). Although
these estimates are based on the use of the buried bag
technique which may underestimate net N mineralization rates, as senescing roots and root hairs, which
provide a source of N, are not included (Jonasson et al.
2004). The overall growth responses of P. phryganodes
and the net accumulation of N and P during the
summer (Figs. 1 and 2) are similar to the responses of
Arctic and alpine species studied by Jaeger et al.
(1999) and Jonasson et al. (1999) to additions of
nutrients. Soil microorganisms do not appear to be able
to compete effectively for N early in the season,
possibly because of the low amount of microbial
biomass following the late winter decline due to the
lack of labile carbon (Schimel and Clein 1996; Jaeger
et al. 1999; Bardgett et al. 2005; Edwards et al. 2006).
The pattern of microbial C, N, and P in the snow-free
season stands in sharp contrast to the corresponding
pattern of the concentrations of these elements in plant
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tissues (Fig. 3). Firstly, there are very few differences
between treatments for each element on the different
sampling dates, similar to the results of Jonasson et al.
(1996) and those of the meta-analysis of Treseder
(2008). Values of microbial C, N and P in control plots
are comparable with those from N- and P-treated plots
(Fig. 3). Secondly, the values rose late in the experimental period, so that the highest values occurred in
early August and late October (Fig. 3). We suggest that
microbial growth is primarily limited by C and that
until the spring flush of plant growth is complete and
new roots are established, little labile C is available
either as root exudates or from senescing tissues (Fig. 3
d). From July onwards, it is likely that the availability
of labile C comes from root activity and the decomposition of plant tissue, and sustains a modest increase
in microbial biomass, but there still appears to be
inadequate amounts to elicit different microbial growth
responses between treatments (Fig. 3). Microbial C and
DOC peaked in late October, particularly in plots
where N additions were made (Fig. 3 a,d). Labile C
released from senescing plant tissue is thought to allow
microorganisms to flourish in the absence of plant
competition for about a month before complete freezeup (Jaeger et al. 1999; Bardgett et al. 2005).
Results from the glucose addition experiment also
provide evidence in support of microbial C limitation
(Fig. 4). Plots that received low levels of glucose
addition (9.6 g m-2), showed a rapid transitory
increase in microbial C that lasted 6 days before
values returned to the initial levels. In a recent study,
Boddy et al. (2008) showed that in Arctic tundra soils,
the half-time for the utilization of 14C glucose and
amino acids by microorganisms was less than 2 h. In
the grazing experiment of 2006, the short-term
microbial response (days) to C addition had long
passed when samples were taken in August (c.f.
Sørensen et al. 2008). The results indicated that after
nearly 2 months soil microbial C was lower in grazed
plots compared with ungrazed plots (Fig. 5 a) with no
significant effects of NP addition on soil microbial C.
Plant regrowth following multiple croppings creates a
C sink and it is unlikely that much C is released from
roots compared with ungrazed plants. These results
support previous findings from this salt marsh that
show microbial biomass is strongly dependent on
intact swards of P. phryganodes, which directly and
indirectly modulate soil nutrient supply (Buckeridge
and Jefferies 2007). Despite lower microbial C in
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grazed compared to ungrazed plots, DOC values were
still two-thirds of values in soils from heavily grazed
plots (Fig. 5 b), suggesting that adequate DOC
concentrations were present to meet microbial C
demand in late summer. It may be that microbes
cannot readily utilize the soluble organic compounds
produced by plants (e.g. secondary chemical compounds). A second and more likely reason is that in
plots where plants were heavily grazed down to the
pseudostem (0.5 cm in height) the exposed sediment
was hypersaline, with salinity in excess of 50 g litre-1
of solutes (Srivastava and Jefferies 1995, 1996;
McLaren and Jefferies 2004), which restricted microbial growth. In these plots (standing crop 10–22 g
m−2), the hypersaline exposed soil may have restricted microbial growth leading to an accumulation of
DOC (tides flood the mid- and upper marsh in
August). In contrast, the soil salinity below ungrazed
plots (standing crop, 80–220 g m−2) is hyposaline in
summer (Srivastava and Jefferies 1995, 1996; McLaren and Jefferies 2004). Both urease activity and
nitrification are reduced when these soils are hypersaline, which is consistent with a decline in microbial
activity (Wilson et al. 1999). It is well known that soil
evaporation and surface salt deposition in the nontidal upper levels of salt marshes in temperate and
tropical regions in summer result in hypersaline
sediments (see Adam 1990 for a list of references).
However, we are unaware of other sites where
hypersalinity is caused by overgrazing.
Microbial C, N and P are unlikely to rise until
autumn when plant demand for nutrients drops,
tissues senesce and salinity decreases. The die-back
of plant tissue and the absence of plant competition
results in sufficient resources to sustain a large
increase in microbial biomass (c.f. Weintraub and
Schimel 2005a; Bardgett et al. 2005; Cardon and
Gage 2006; Chapman et al. 2006; Schmidt et al.
2007). Hence, nutrient-poor hypersaline soils, multiple cropping events and a nutrient supply for
regrowth, largely uncoupled from soil processes,
severely constrain microbial growth during much of
the snow-free season. In short, the consumer and the
forage plant appear to modulate microbial growth
during the snow-free season, and soil interactions
involve competition in spring and early summer, and
limited facilitation in late summer and early autumn,
when swards are no longer actively growing and the
geese have migrated.

Plant Soil (2009) 322:279–291

This temporal pattern of resource use by microbes
and plants is consistent with previous findings from
other systems. Over a decade ago Jonasson et al.
(1996) indicated that in Arctic/alpine heaths and
fellfields, the application of N, P and K did not affect
the microbial C, in contrast to sugar amendments. In a
related study, in the same salt marsh at La Pérouse Bay,
low microbial biomass values during the summer was
accompanied by a rapid turnover of microbial N, while
high biomass values in late winter and early spring
showed low turnover rates (Buckeridge and Jefferies
2007). The study by Jaeger et al. (1999) in an alpine
meadow also provides strong evidence of temporal
partitioning of nutrients between plants and soil
microbes. The dominant sedge in this community took
up the most N after snow melt as the microbial biomass
declined, until autumn, at which time soil microbes
immobilized N following plant senescence. Soil microorganisms appear dependent on the quality of labile
plant C compounds to control rates of N mineralization
in summer; the greater the input of high quality C
compounds, the greater the rate at which soil microbes
immobilize and release N (Knopps et al. 2002).
However, lack of labile plant C in the soil creates a C
bottleneck for microbial growth and N mineralization
via a negative feedback. How widespread this is in
different plant communities is unknown. Multicropping events may exacerbate the shortage of labile
soil C as plant photosynthetic C is allocated to
regrowth and in this marsh at least high salinities likely
further curtail microbial growth in summer.
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